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Abstract
Exhaled air contains sub-micron droplets of lung liquid, which potentially bear biomarkers of lung
diseases. After dehydration they form dry residue particles (DRPs). As a ﬁrst step in developing
techniques to characterize individual DRPs, a new electrostatic collector was designed in which DRPs
are charged within a unipolar corona charger, concentrated in a cone funnel, and deposited onto a
limited area of a highly oriented pyrolytic graphite surface. The collector captures 80%–90% of DRPs
at an optimal ﬂow rate of 0.15 l min−1. Atomic force microscopy (AFM) revealed ﬂattened round
particles 20–50 nm high, with notable protrusions at their surface suggestive of an inhomogeneous
internal structure. Exposure to humid air resulted in the DRPs spreading over the surface, with a 50%–
200% decrease in their heights and an increase in their lateral dimensions so that their volume
decreased by only 10%±3%. Exposure to saturated chloroform vapor resulted in drainage of 10%–
15% of the DRP volume (presumably lipids), forming collar-shaped rings around each particle but
leaving the core size and structure unchanged. AFM measurements combined with laser counter
measurements of the DRP concentrations were used to estimate that one liter of air exhaled by
volunteers contained less than 100 pg of dry residue material.

1. Introduction
Collection and analysis of exhaled breath condensate
(EBC) is a promising new approach in the diagnosis of
lung diseases [1, 2]. As a non-invasive and painless way
of getting samples of lung liquid for detection of
disease biomarkers, EBC attracts both researchers and
medical practitioners because of the considerable
advantages it offers over the rather painful and
complicated bronchoalveolar lavage procedure [3–5].
However, the EBC assay suffers from a few problems: (i) extremely low levels of biomarkers in
exhaled air, (ii) extremely high dilution of the lung
ﬂuid in the vapor condensate, typically higher than
20 000 times [6], and (iii) high variability in the number and volume of exhaled microdroplets and the mass
of non-volatile material within. The number, size, and
composition of exhaled microdroplets varied substantially among the volunteers studied, depending on
the breath depth, time after eating, presence of salt
© 2017 IOP Publishing Ltd

aerosol in the inhaled air, and other factors [7, 8].
These factors are responsible for the large differences
reported in the protein content of EBC, from tens of
nanograms to tens of micrograms in various publications [9].
An alternative approach, to increase the concentration of non-volatiles in the samples, is to collect
only microdroplets using an impactor instead of a
condenser, as reported by Almstrand et al [10]. The
authors used a 3-stage impactor placed in a thermostated box in which the liquid droplets were collected.
After collection, the material was dissolved in a minute
amount of water. As with any EBC technique, this
method does not reveal the heterogeneity of exhaled
microdroplets from different locations in the lung or
generated by different mechanisms.
Ideally, it would be possible to study individual
microdroplets. Those which came from an infection
site might be highly enriched with disease biomarkers,
while the same biomarkers in the total material might
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Figure 1. (A) Schematic of the device used to measure the concentration of microdroplets in the exhaled air. (B) Schematic of the
device used for electrostatic collection of dry residues of lung liquid onto a surface of highly oriented pyrolytic graphite.

be undetectable because of the high dilution. In an
attempt to realize such an individual approach to
microdroplet analysis, we developed a new procedure
for collecting individual dry residue particles (DRPs)
of exhaled non-volatile material for further microscopic analysis. A special electrostatic collector was
designed to concentrate DRPs on a limited area of a
substrate suitable for characterizing their shape, size,
and volume with atomic force microscopy (AFM).
Combined with microdroplet concentrations measured with a laser counter, these data were used to estimate the total volume of non-volatile materials in the
exhaled air. Changes in DRP volume and shape after
exposure to humid air and to chloroform vapor were
used to reveal the internal structure and composition
of the DRPs.

2. Materials and methods
2.1. Materials
Highly oriented pyrolytic graphite (HOPG, 0.8 grad,
10×10 mm2) was acquired from ATC (Russia).
Chloroform, dipalmitoylphosphatidylcholine (DPPC),
1,2-dimyristoyl-sn-glycero-3-phosphocholine (DMPC),
1,2-dipalmitoyl-sn-glycero-3-phosphoethanolamine
(DPPE), 1,2-dipalmitoyl-sn-glycero-3-phosphoserine
(sodium salt), and stearic acid were acquired from
Sigma-Aldrich. Behenic acid was a Reachim (Russia)
product.
2.2. Measurements of the concentration of lung
liquid aerosols in the air exhaled by volunteers
Seven volunteers aged 27–69 years, four men and three
women (one smoker), agreed to participate in the
study. Before sample collection, each volunteer
washed his or her lungs once by inhaling puriﬁed air
ﬁltered through a high-efﬁciency particulate air
(HEPA) ﬁlter. The air was then exhaled into a
polypropylene T-tube connector, one arm of which
was connected to a laser particle counter, as illustrated
schematically in ﬁgure 1(A). To allow rapid delivery to
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the counter, a short tube (150 mm long, 20 mm ID)
was used to transfer the exhaled air to the T-tube
connector. Most of the tubing and the laser counter
were placed inside a foam box, where the air temperature was maintained at 36.5 °C ±0.5 °C. Before the
measurements, the air, tubing, and aerosol counter
inside the foam box were pre-heated for six minutes
until temperature equilibration. Aerosol concentration readings were performed approximately in the
middle of each exhalation. Five readings were averaged
for each volunteer.
The concentration of sub-micron aerosol particles
with sizes of 0.3–0.5 μm in the air exhaled by volunteers was measured using a TSI AeroTrak® Handheld
Particle Counter, Model 9303 (TSI Inc., Shoreview,
MN) or an APC Model 4705 (Aeronanotech, Ltd,
Moscow, Russia).
The concentration of DRPs larger than 3 nm was
estimated with a diffusive aerosol spectrometer
(model 2702, AeroNanoTech Company, Russia),
which used an oil-based condensation particle counter
working at a temperature of 91 °C to count all particles
larger than 3 nm.
2.3. Design of electrostatic collector
As shown schematically in ﬁgure 2(A), the exhaled air
was pumped through a tube which directs air around a
sharp tungsten needle. A high positive potential was
applied to the needle from a special high-voltage
power supply, which automatically maintained a
constant current of 100±20 nA between the needle
and a conductive substrate. DRPs were charged with
air ions generated in the corona discharge, and then
attracted and deposited onto a conductive substrate.
To keep DRP deposition within a small substrate area
(8–10 mm2), a conic concentrator made of polyester
mesh (Small Parts, FL, USA) was introduced between
the corona needle and the substrate. Being charged
with air ions, the concentrator acted as a funnel,
directing charged DRPs into the small substrate area
[11]. The substrate was attached to a holder, which
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Figure 2. Design of electrostatic collector. (A) Schematic of the design. Aerosol is pumped via a tube (1) and ﬂows around a tungsten
sharp needle (2), where it is charged by ions generated in corona discharge on the needle (2) and collected on a conducting substrate
(3) after being concentrated in a conic funnel (4) made of a polyester mesh. The substrate is connected to a negative pole of a power
supply and attached to a permanent magnet (5) which can be moved with another magnet (6) outside the collecting cell. (B) Image of
disassembled collector. (C) Plate of highly oriented pyrolytic graphite with a spot of collected Na-ﬂuorescein aerosol particles
indicated by white arrow.

included a permanent magnet. With another magnet
the substrate position could be adjusted with respect
to the concentrator outlet.
The overall design of the collector is clearly seen in
ﬁgure 2(B), which shows an exploded view of it.
Figure 2(C) shows the lower part of the collector with a
HOPG plate attached to the holder. The arrow in
ﬁgure 2(C) points to a visibly opaque area resulting
from light scattering by the collected ﬂuorescein
particles.
2.4. Evaluation of collector performance
Collector efﬁciency as function of ﬂow rate through
the collector was measured by comparing the concentration of aerosol particles from the ambient air
that passed through the collector with the high voltage
3

on the needle switched on and off. The voltage
was automatically adjusted to create a current of
80–120 nA through the tungsten tip. The concentration of nanoaerosol particles with sizes of 3–200 nm
was measured with the diffusive nanoaerosol spectrometer described above. Sub-micron aerosol particles
(200–300 nm and 300–500 nm) were measured with a
laser counter, APC Model 4705 (Aeronanotech, Ltd,
Moscow, Russia).
To evaluate where the aerosol was deposited inside
the collector, sub-micron aerosol particles prepared
from Na-ﬂuorescein were used. Aerosol was generated
from 0.1% Na-ﬂuorescein solution using an ultrasonic nebulizer (INHAport, Izomed, Russia) and
then mixed with an excess of dry ﬁltered air inside a
plastic bag (∼10 l) and collected as described above.
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According to the manufacturer, the nebulizer produces microdroplets 2–7 μm in diameter, which when
evaporated turn into DRPs 200–700 nm in diameter.
After 20 min of aerosol collection, 25 mM carbonate
buffer, pH 9.2, was used to wash the Na-ﬂuorescein
from the HOPG surface (see the spot of ﬂuorescein
deposit in ﬁgure 2(C)), the mesh concentrator, the
inner walls of the collector chamber, and the tubes
connected to the collector input and output. The
ﬂuorescein concentration in the washed samples was
measured on a microspectroﬂuorimeter (Nanodrop™
3300, Thermo Scientiﬁc, Wilmington, DE).
2.5. Collection of DRPs from exhaled air
Each volunteer washed his or her lungs once, and then
inhaled the air for a second time and exhaled it into a
4.5 l bag made of aluminum foil. Both the bag and the
electrostatic collector had previously being placed
inside a thermostated foam box, 23×40×55 cm3,
shown schematically in ﬁgure 1(B). A contact thermometer and a small heater were used to maintain a
constant temperature, 40.0 °C ±0.5 °C. The air inside
the box was mixed with a low-power fan. The bag was
attached inside the box in such a way that its surface
was freely blown by the air. The bag was connected to
the electrostatic collector described above, and to a
HEPA ﬁlter outside the box (not shown in the
schematic in ﬁgure 1(B)).
Because the collector is efﬁcient only at a low ﬂow
rate, as we show below, and because DRPs require
some time to form from lung liquid microdroplets, the
exhalation and collection procedures were performed
separately. DRPs were collected on the HOPG surface
at a ﬂow rate of 0.15 l min−1 after temperature equilibration for at least six minutes. Collection was performed for ﬁve minutes after exhalation, and then the
inhalation–exhalation-collection cycle was repeated.
The overall collection time for each sample was
approximately 40 min, while the total volume of air
from which the DRPs were collected on the HOPG
reached six liters for each sample.
2.6. Exposure of collected DRP to water and
chloroform vapor
The HOPG with the collected material was placed
inside a glass Petri dish 100 mm in diameter with a
small beaker ﬁlled with a concentrated salt solution
(slurries of different salts: NaCl, (NH4)2SO4, KCl,
KNO3, K2SO4) to maintain a speciﬁc humidity level.
The Petri dish was inserted into a foam box to ensure
uniform distribution of temperature over the dish.
The samples were exposed to each humidity level for
15 min starting from the lowest humidity.
Exposure to saturated chloroform vapor was done
similarly, by placing the HOPG sample into a Petri
dish for 15 min with a beaker ﬁlled with 1–2 ml of
chloroform.
4

Figure 3. Concentration of submicron particles in air exhaled
from different volunteers (deep breathing collection regimen,
average of ﬁve measurements for each person). Black columns
for particles larger than 0.3 μm measured with a laser counter,
light gray columns for particles larger than 3 nm measured
with a diffusive nanoaerosol spectrometer. Error bars indicate
standard deviations.

2.7. AFM imaging of the collected DRPs
A SmartSPMTM-1000 AFM (AIST-NT Co., Moscow,
Russia) in tapping mode with cantilevers at a resonance frequency of 200–300 kHz was used to image
DRPs on the HOPG surface. Imaging was performed
with the humidity level in the room not exceeding 60%.
2.8. Calculation of the volume of a DRP from its
AFM image
DRP volumes were calculated using two techniques. In
one of them, the height distribution over the DRP
image was directly integrated using the Gwyddion
program freely available in the Internet [12]. The
algorithm used to calculate the lipid volume drained
from the DRP upon exposure to saturated chloroform
vapor is described in the Supporting Information.
As a less laborious alternative for calculating
volumes, we also used an approximation in which the
DRP shape was considered a spherical segment and its
volume was calculated as:

Vs = 1/6ph (h2 + 3r 2) .

(1)

Here r and h are the lateral radius and the height of
the image, respectively. By comparing the volumes
obtained by the Gwyddion program and the approximation technique, it was found that they coincided
with a precision of 10%.

3. Results
3.1. Individual variability in the concentration of
exhaled microdroplets
Measurements of the concentration of submicron
particles (with aerodynamic diameter above 300 nm)
in the air exhaled by different volunteers are presented
in ﬁgure 3. The concentration of submicron particles
varied among seven volunteers from 2700 l−1 to

J. Breath Res. 11 (2017) 016006

V N Morozov and A Y Mikheev

Figure 4. Penetration of submicron dry residue particles
through the electrostatic collector as a function of ﬂow rate,
Q. The penetration of aerosol particles present in ambient air
was measured as the ratio of concentrations at the collector
output with the high voltage on and off for a fraction of
particles larger than 3 nm, measured with diffusive nanoaerosol spectrometer (triangles) and with sizes in the range of
200–300 nm (circles) and 300–500 nm (squares) measured
with a laser counter. Each point is an average of three
measurements.

25 000 l−1, in good accordance with the data reported
by other authors [7, 10].
The concentration of all DRPs and microdroplets
larger than 3 nm in diameter was measured for the
same volunteers with a diffusive nanoaerosol spectrometer and at the same time with a laser counter which
counted microdroplets larger than 300 nm. The comparison of these concentrations presented in ﬁgure 3
for the volunteer #1 and the volunteer #5 shows a
difference not exceeding 30%. It was concluded from
this comparison that though DRP smaller than
300 nm are exhaled, their number is relatively small, as
is their mass contribution.
3.2. Characterization of collector efﬁciency
Efﬁciency of aerosol collection is inversely proportional to the penetration of particles measured as ratio
of particles passed through the collector with voltage
on and off. As seen in ﬁgure 4, thus measured
efﬁciency of aerosol collection substantially decreases
for all DRP sizes at airﬂow rates above 0.15 l min−1.
Therefore, this ﬁxed ﬂow rate was chosen for all
further experiments.
The distribution of the collected aerosol inside the
collector chamber was characterized in experiments
with aerosolized Na-ﬂuorescein. Of all the ﬂuorescent
material that settled inside the collector, 89%±6%
was deposited on the HOPG surface. Combining this
number with the data reported in ﬁgure 4 (95% settled
at 0.15 l min−1), we concluded that no less than 85%
of all the DRPs that passed through the collector were
deposited on the HOPG surface.
Changes in DRP concentration inside the bag over
time were measured with a laser counter to account for
DRP losses in the bag during the electrostatic capturing. As illustrated in ﬁgure 5, the aerosol concentration
5

Figure 5. Changes in the concentration of aerosol particles in
ambient air (empty circles) and concentration of exhaled dry
residue particles (ﬁlled circles) 0.2–0.3 μm in size within the
aluminum foil bag. Each point represents the average of six
measurements. The initial concentration of aerosol particles
in ambient air varied in different experiments from 1000 to
100 l−3.

dropped rapidly despite a low initial aerosol concentration. We cannot attribute this rapid decline in
concentration to deposition on the bag walls. For
DRPs 400 nm in size, which have a diffusion coefﬁcient of D=10−5 cm2 s−1, only a small fraction of the
particles from a layer (2Dt)1/2=1 mm thick will settle on the surface in 5 min. These DRPs, which have a
density of 1 g cm−3, will settle due to gravity at a rate of
v=6.8×10−4 cm s−1 [13]. Thus, in 5 min DRPs will
be lost from a layer only 2 mm thick. These simple
estimates rule out both suggested mechanisms as the
reasons for the concentration decline seen in ﬁgure 5.
Coagulation by collision is also eliminated because
of the extremely low DRP concentration. At an initial
concentration of Co=40 cm−3 and a typical coagulation constant of K=0.5×10−9 cm3 s [13], half of the
particles should coagulate only in τ=(CoK )−1=1.6
years. Similar to our observations, a rapid decrease in
the aerosol concentration was reported by Cooper et al
[14] for a charged submicron aerosol inside an aluminized Mylar bag. Thus, it is possible that most DRPs and
sub-micron aerosol particles in the ambient air settle
quickly on the bag’s walls because they are charged.
Figure 5 shows that the concentration of DRPs in
the bag dropped by 50%–80% during the 5 min collection procedure. Taking into account this decline in
DRP concentration inside the bag, we limited collection of DRPs on the HOPG to 5 min periods after
exhalation.
Considering the efﬁciency of the electrostatic collector (∼85%) and the changes in DRP concentration
inside the bag during the collection procedure, we estimated that the surface density of the DRPs deposited on
10 mm2 of the HOPG surface from 6 l of exhaled air
with an initial DRP concentration of Co=25 cm−3 (see
ﬁgure 3) should be about 25×6000×0.85×0.2/
10×2600 mm−2, or approximately six DRPs in a
scanning area of 50×50 μm2. In reality, the average
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Figure 6. Distribution of diameters of dry residue particles
calculated from volumes of their AFM images.

surface density of the deposited DRPs reached only
1500±500 mm−2.
3.3. Distribution of DRP volumes
The DRP volumes calculated by the two techniques
described in Methods were found to ﬁt each other
within 10%. That is why a simple method based on
approximation of the DRP as a spherical segment was
used in the statistical treatment of volume distribution
presented in ﬁgure 6. The average DRP volume was
370±160 nm. No DRP smaller than 10 nm in
diameter were observed.
3.4. Shape of DRPs collected on HOPG
DRPs were collected from the volunteer who had the
highest DRP production (the volunteer #5). Samples
were scanned inside the deposition area as well as
outside of the area as a control. Though DRP-like
HOPG defects were occasionally observed outside of
the deposition area, these were extremely rare, and
their shape was notably different from that of a typical
DRP. The temperature inside the foam box with the
installed collector was important for successful imaging. When the temperature was raised above 40 °C,
DRPs were collected, but their imaging presented a
problem because the DRPs were dragged by the AFM
tip from the HOPG surface.
Images of typical DRPs before and after exposure
to a humid atmosphere are presented in ﬁgure 7. Most
DRPs have a round ﬂattened shape with a height-todiameter ratio of 5–20. The ﬂattening cannot be
explained by the ﬁnal curvature of the AFM tips used
(approximately 20 nm, according to the manufacturer). We may thus conclude that either not
entirely solid particles were deposited onto the HOPG,
or that the deposition process was energetic enough to
change their initial ball-like shape.
3.5. Effects of humidity and temperature on the size
and shape of DRPs
The images in ﬁgures 7(A) and (C) as well as
ﬁgures 9(A) and (C) show that the DRP surface is not
entirely ﬂat: it has protrusions suggesting the presence
of internal rigid elements. In an attempt to reveal the
6

physical nature of the DRP material, the deposited
particles were subjected to environments with different humidity. The same HOPG area was scanned
before and after a 15 min exposure to a humid
atmosphere. As seen from ﬁgure 7, the lateral dimensions of the DRP become larger while the height
decreases. Such changes in DRP shape were observed
only if the humidity was above 85%, as the humidity
dependence of the heights changes in ﬁgure 8(A)
illustrates. Exposure to 100% humidity resulted in the
height decreasing by 20%–50% of its initial value. A
comparison of the volumes before and after exposure
to 100% humidity gives a 10.5%±3% reduction in
the DRP volume, indicating the egress of voids from
the DRP core. It is also worth noting that exposure to
humid air resulted in the large protrusions on the DRP
surface being replaced with more numerous but
smaller ones. The extent of ﬂattening depended on the
initial height of the DRP: the higher the DRP, the more
it changes upon exposure to humid air, as seen in
ﬁgure 8(C).
Despite our expectations, heating samples to
120 °C for 15 min did not result in any notable changes in DRP heights, as illustrated in ﬁgure 8(B). Thus,
no substantial portion of the DRP material melts at
this temperature, as would be expected for pure lipids.
3.6. Effect of chloroform vapor on DRP shape
Unlike exposure to water vapor, similar exposure to
saturated chloroform vapor does not substantially
decrease DRP height, as illustrated by the series of
images in ﬁgure 9. While the overall height decreases
by no more than 5%, each DRP becomes surrounded
by a clearly delineated ring of material visible in images
in ﬁgures 9(B) and (D), with the thickness decreasing
toward the periphery, as the proﬁles in ﬁgure 9(E)
illustrate. It looks like part of the DRP material was
liqueﬁed in the chloroform vapor and drained downward, forming a collar. The volume of the drained
material was estimated to be about 10%–15% of the
entire DRP volume. As seen from ﬁgure 9(F), the
fraction of lipid tends to decrease with DRP size.
Assuming that the surface of the initial microdroplets
is coated with a layer of lipid of equal thickness, we
would expect that in DRPs the lipid contribution
would increase in proportion to the square of the DRP
diameter, while the contribution of non-volatile
solutes in the lung liquid would increase in proportion
to the cube of the diameter, and therefore, the ratio of
the lipid shell volume to the core volume would
decrease in proportion to the inverse ratio of the DRP
diameter, or in proportion to VDRP-1/3. As seen from
ﬁgure 9(F), such a proportion was indeed observed
experimentally in a series of DRPs of different initial
sizes.
It is also worth noting, when comparing the images of DRPs before and after exposure to chloroform
vapor, that the ﬁne details of its internal surface structure remained unchanged: the same protrusions were
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Figure 7. Images of typical dry residue particles before (panels (A) and (C)) and after (panels (B) and (D), respectively) exposure to
100% humidity for 15 min. Panel (E)—particle proﬁle before (blue line) and after (red line) exposure to 100% humidity for 15 min.

observed in the same places on the DRP surface, i.e.,
the carcass of the DRP was not affected by the chloroform vapor.

4. Discussion
To the best of our knowledge, this study is the ﬁrst to
directly present data on the shape of exhaled DRPs and
estimate their volumes by AFM. Despite the extremely
low concentration of DRPs, they were effectively
collected with a newly developed electrostatic device
7

onto a limited area on a conductive substrate, where a
substantial number of DRPs could easily be found and
imaged for reliable statistics. Though a similar idea for
electrostatic capturing of exhaled microdroplets onto
a microﬂuidic sensor has been recently reported [15],
the authors did not intend to characterize the individual DRPs collected. A similar device for electrostatic
collection of particulate matter for imaging in an
electron microscope has been designed by Miller et al
[16]. One substantial difference between this and our
design is our introduction of a mesh funnel that makes
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Figure 8. Changes in the heights of dry residue particles on AFM images after sample exposure to humid atmosphere (A) and different
temperatures (B) for 15 min C. Flattening ratio, h/ho, as a function of the initial particle height, ho, for particles of different initial
height.

it possible to substantially increase the ﬂow rate
without sacriﬁcing collection efﬁciency.
4.1. Internal structure of DRPs
The new collection technique reported here has made
it possible for the ﬁrst time to visualize and roughly
characterize the individual properties of DRPs formed
from exhaled microdroplets of lung liquid. As seen in
the series of images presented in ﬁgures 7 and 9, DRPs
possess a rather complex internal structure. We can
speculate whether this structure formed upon drying,
or before or after deposition onto the HOPG surface.
As the simple estimates presented in the Supporting
Information indicate, the electrostatic energy resulting
from the interaction of a charged DRP with the mirror
charges is too small to heat the DRP or to substantially
change its shape. Since exposure to humid atmosphere
resulted in substantial DRP ﬂattening, it is hard to
explain why a droplet of lung liquid containing only
5.3% solid material [17] did not spread to the full
extent upon ﬁrst contact but retained substantial
thickness after landing on the HOPG surface. A highly
concentrated solution with solid crystalline or
8

amorphous inclusions inside might do this, leading us
to conclude that the DRP core was formed in the air,
before the DRP landed on the substrate.
The inclusions visible in the AFM images are
humidity-sensitive, presumably made of salt, watersoluble proteins, and other hydrophilic metabolites.
That is why the chloroform vapor did not change the
internal carcass of these inclusions. It is tempting to
attribute the onset of DRP ﬂattening at 85% humidity
to water activity over saturated KCl. However, the
relative volumetric content of this salt (∼1% of 5.3%
of the total solid [18]) seems too small to liquefy the
core of the DRP.
What force makes DRPs spread over the HOPG
surface at high humidity? Comparing the scales of the
forces of surface tension and weight rules out gravitational force as a factor responsible for the ﬂattening.
Therefore, interaction with the HOPG surface is the
only possible driver of the ﬂattening process. Whether
it is due to the interaction of freshly cleaved HOPG
with water adsorbed on DRP, as a recent study showed
[19], or the interaction involves a transfer of lipids into
the HOPG-DRP contact [20], the ﬂattening may be
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Figure 9. Images of typical dry residue particles before (panels (A) and (B)) and after (panels (C) and (D)) exposure to saturated
chloroform vapor for 15 min. Panel (E) presents changes in the proﬁle before (blue line) and after (red line) the particle depicted in the
panel (C) was exposed to chloroform vapor for 15 min. Panel (F) presents the volume fraction of the material drained from the dry
residue particles in the chloroform vapor as a function of their initial volume, VDRP-1/3 .

interpreted as an indication of highly increased mobility of the DRP core due to absorbed water molecules.
Some of the DRP material that drained from the
DRP in the chloroform vapor can be attributable to
lipids and to hydrophobic proteins SP-B and SP-C,
which are soluble in organic solvents. To verify the
idea that some solid lipids liquefy in saturated
9

chloroform vapor, we performed special experiments
in which small pieces of various lipids were placed on
the HOPG surface and exposed to saturated chloroform vapor. DPPC and DMPC readily spread over the
surface in the presence of chloroform vapor, while
DPPE, DPPS, and stearic and behenic acids did not.
This difference might be because of the lipids’ differing
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Figure 10. Schematic illustration of dry residue particles formation and of changes upon deposition onto highly oriented pyrolyric
graphite and upon exposure to chloroform and water vapor.

abilities to hold solvent between leaﬂets of lipid membrane, as demonstrated in molecular dynamics simulations [21]. Nevertheless, because DPPC is the most
abundant lipid component of lung surfactants
[22, 23], the observed drainage from DRPs may be
attributable to their lipid shells liquefying in the presence of solvent vapor. Our estimate, namely that
10%–15% of the total DRP volume drained from the
particle is attributable to lipids, is supported by the
report of Tinglev et al [23]. The authors found that of
10–20 ng of solid exhaled material collected from each
volunteer over 25 min, 1.4 ng was DPCC and 0.8 ng,
phosphatidyl choline.
Naturally, the question arises as to why we
observed no drainage due to lipids melting at high
temperature. We explain this by the presence of surfactant proteins in the hydrophobic shell that are
liqueﬁed by an organic solvent but not a high
temperature.
Figure 10 schematically outlines the most probable
sequence of events, starting from the formation of
microdroplets of lung liquid that occurs when collapsed peripheral airways reopen and contacts
between wet alveolar walls break [24]. After exhalation, the microdroplets turn into DRPs when the
water evaporates. It is natural to assume that lipids
and surfactant proteins will occupy the droplet surface and will further form lamellar structures in the
DRPs. At a certain level of dehydration, some solutes
(salt, glucose, nucleotides, peptides, and proteins)
will form nanocrystals and amorphous precipitates
inside the microdroplet, thereby forming a solid
10

core. Deposition onto the HOPG surface changes
the overall shape of the DRP but keeps its solid core.
Only with long-term exposure to water vapor, when
water accumulates in the hydrophilic core, does the
core material spread over the surface. Unlike exposure to water vapor, exposure to chloroform vapor
results in liqueﬁcation of the hydrophobic shell,
making lipids and hydrophobic surfactant proteins
drain from the DRP surface and spread around the
DRP core.
4.2. Estimation of mass concentration of nonvolatile solids in the exhaled air
Our volunteers exhaled DRPs with concentrations
similar to those reported [1, 17, 23, 25]. When
combined with the spectrum of volumes presented in
ﬁgure 6, the total mass of solid material in 6 l of
exhaled air was estimated to be 4.8±2.1 ng. It is
expected that collection for 10 min will yield no more
than 40–90 ng of solid material. Note that the volunteer #5 was chosen as the highest producer of DRPs.
Other volunteers tested exhaled 10%–50% of the
concentration exhaled by the volunteer #5. Thus, the
yield from 25 min of collection might be as low as
10–100 ng. In reality, the yield should be even lower
considering that deep inhalation was used here and
that breathing depth positively correlates with the
concentration of exhaled microdroplets [8]. With
normal breathing, the yield would be comparable
to the 10–20 ng collected by Tinglev et al over
25 min [23].
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4.3. Comparison of the sub-micron droplet size
calculated from DRPs with published data
Assuming that the overall concentration of nonvolatile solids in the lung liquid is 5.3% [17], we expect
that the average diameter of initial lung droplets
exhaled should be 2.7 times that of the DRPs measured
(370±160 nm), i.e., 1000±430 nm on average.

5. Conclusion
Why is it important to study separate DRPs rather than
to analyze the total collected material for the presence
of lipids, proteins, and other molecules? The answer is
that each DRP may have been generated in a different
region or by a different mechanism. AFM, SEM, and
other techniques that can be used to evaluate submicron particles could, in principle, ﬁnd rare ‘hot’
DRPs arriving from the infection zone and having
different shape and composition. Direct visualization
of DRPs with AFM allowed us not only to characterize
their size distribution but also to evaluate their
physical properties. Even though the composition of
DRP may be predicted from known data on lung liquid
composition, the micro-mechanical properties of the
DRPs might throw more light on the mechanisms of
their formation.
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